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Abstract 
DNA-interacting proteins have roles multiple processes, many operating as molecular 
machines which undergo dynamic metastable transitions to bring about their biological 
function. To fully understand this molecular heterogeneity, DNA and the proteins that bind 
to it must ideally be interrogated at a single molecule level in their native in vivo 
environments, in a time-resolved manner fast to sample the molecular transitions across the 
free energy landscape. Progress has been made over the past decade in utilising cutting-
edge tools of the physical sciences to address challenging biological questions concerning 
the function and modes of action of several different proteins which bind to DNA. These 
physiologically relevant assays are technically challenging, but can be complemented by 
powerful and often more tractable in vitro experiments which confer advantages of the 
chemical environment with enhanced detection single-to-noise of molecular signatures and 
transition events.  Here, we discuss a range of techniques we have developed to monitor 
DNA-protein interactions in vivo, in vitro and in silico.  These include bespoke single-
molecule fluorescence microscopy techniques to elucidate the architecture and dynamics of 
the bacterial replisome and the structural maintenance of bacterial chromosomes, as well as 
new computational tools to extract single-molecule molecular signatures from live cells to 
monitor stoichiometry, spatial localization and mobility in living cells. We also discuss recent 
developments from our lab made in vitro, complementing these in vivo studies, which 
combine optical and magnetic tweezers to manipulate and image single molecules of DNA, 
with and without bound protein, in a new superresolution fluorescence microscope. 
 
  
Introduction 
Protein interactions have roles in every facet of the role of DNA in life. They are involved in 
replicating DNA, proof-reading it and correcting any errors. They package DNA into 
chromosomal structures and repair it when damaged. They are involved in transcription but 
also, its regulation. Understanding these interactions is therefore vital to understanding 
normal cell development but also disease. 
Classically, DNA-protein interactions have been probed biochemically (for a review, see Cai 
and Huang 2012[1]). Electrophoresis is commonly used to detect proteins interacting with 
DNA in the Electrophoretic mobility shift assay (EMSA). [2] It is also possible to isolate 
interacting DNA and protein using the Chromatin Immuno-precipitation (ChIP) assay.[3] In 
this assay bound proteins are chemically cross-linked to DNA in living cells and then 
chromatin is extracted. DNA-protein complexes can then be isolated by pulling out via 
suitable antibodies. These types of bulk biochemical assay can only detect average, 
ensemble dynamics and fail to detect the wide heterogeneity of behaviour present in real 
molecular systems in biology. Single-molecule techniques can characterize this 
heterogeneity.  
Fluorescence microscopy is the least invasive technique sensitive enough to detect single 
molecules inside a living cell.[4] It has been used extensively to observe DNA-interacting 
proteins (see Xie et al. 2008[5] for a review), including the production of individual mRNA 
molecules in real time in Escherichia coli,[6]  transcription through the specific binding of lac 
repressor molecules to DNA[7] and DNA break repair through homologous 
recombination.[8] We have developed a method of fluorescence microscopy, known as 
Slimfield,[9] for observation of single molecules in live cells over a millisecond time scale, 
which we have used to elucidate the molecular makeup and time-resolved features of the 
bacterial replisome[10] and the structural maintenance of chromosome (SMC) complexes 
which remodel bacterial chromosomes.[11]   
In the cell 
In Slimfield microscopy, the normal fluorescence excitation field is reduced to encompass 
only a single cell (Figure 1A). This produces a Gaussian excitation field (~30µm2) with 
100-1000 times the laser excitation intensity of standard epifluorescence microscopy. This 
allows much greater signal intensity relative to normal camera imaging noise and hence 
facilitates millisecond time scale imaging of single fluorescently-labelled proteins – this time 
scale is thus fast enough not only to keep up with the diffusional motion present in the 
cytoplasm of cells, but can also sample fast molecular transitions that occur in the 
millisecond regime. This technique was applied to the bacterial replisome.[10] Here, 
individual E. coli replisome components were labelled with the YPet fluorescent protein and 
expressed from their endogenous promoters, thus resulting in roughly physiological levels of 
expression. Figure 1B shows fluorescence micrographs of YPet labelled replisome 
components overlaid on the corresponding brightfield image of the cell. In most cells (75%) 
two distinct bright spots were observed but in some, replisomes had not moved sufficiently 
far apart from the origin of replication so a single spot was observed. By analysing the 
intensity of these spots as they photobleach (Figure 1C), it was possible to quantify the 
number of YPet in each spot. Repeating this with different YPet labelled replisome 
components allowed the stoichiometry to be determined. 
The replisome is a molecular machine that replicates leading-strand template DNA 
continuously and lagging-strand template discontinuously (Okazaki fragments) and is made 
up of more than 11 proteins.[12,13] DnaB is the helicase which separates the strands. 
Primase binds to the helicase during cycles of priming on the lagging strand. Pol III 
polymerises the DNA and is held on by the sliding clamp, β, which contains several subunits 
including τ and δ. Single stranded DNA is bound by single stranded binding protein (Ssb) 
tetramers which remove secondary structure and protect against nucleases. Historically, it 
has been accepted that there are two polymerases per replisome[14] but Reyes-Lamonthe 
et  al.[10] found evidence for three Pol III per replisome, associated with three τ units which 
trimerize the polymerase. Most replisome components formed tight spots in the cell but Ssb 
had a broader spatial distribution with 8-11 tetramers per replisome.  
Slimfield microscopy can also be used in dual-colour fluorescence microscopy and has been 
used to study the bacterial SMC proteins in E. coli.[11] SMC proteins have conserved 
architecture and function across all domains of life with bacteria using a distant relative 
called MukB with accessory MukE and MukF proteins playing a role in chromosome 
segregation and organization.[15,16] Structural and biochemical studies have shown two 
stoichiometries for the MukBEF complex of 2:4:2 and 2:2:1 (MukB:E:F) dependent on 
whether ATP is bound or unbound.[17]  Dual-colour Slimfield imaging on pairs of GFP and 
mCherry labelled Muk B, E and F proteins showed that the minimal functional unit had a 
stoichiometry of 4:4:2 (Figure 2A). MukBEF was found to accumulate in cells in one to three 
spots of 8-10 of these complexes (Figure 2B) but also in freely diffusing complexes. 
Fluorescence recovery after photobleaching (FRAP) showed MukBEF in spots exchanged 
with freely diffusing complexes at a rate of one every 50s and that this was dependent on 
ATP hydrolysis as no exchange was observed in hydrolysis impaired mutants. Diffusing 
complexes in both the wild type and hydrolysis mutant were found in the 2:4:2 and 2:2:1 
states but in a mutant incapable of nucleotide binding, they were exclusively in 2:4:2. These 
data point to a ‘rock climber’ model where MukBEF undergoes multiple cycles of hydrolysis 
leading to binding and unbinding of DNA, similar to a molecular motor (like kinesin) binding 
and unbinding its track as it moves. This means MukBEF can capture new DNA segments 
without releasing from the chromosome, perhaps leading to DNA remodelling. 
Inside a computer 
The data obtained from Slimfield microscopy requires a significant amount of in silico 
analysis in order to measure the stoichiometry of single molecular complexes and their 
motilities. Complexes of fluorescently tagged molecules must be identified by software, the 
intensity of these spots quantified, their stoichiometry calculated from the photobleaching 
intensity trace, their position tracked over time to produce a trajectory and the motion in 
the trajectory characterised.[18] Custom Matlab™ software has been written to perform 
these analyses and is outlined here.  
Before analysing fluorescent signals from inside the cell, it is first necessary to determine 
the cell boundary. This can be done from standard brightfield images of the cell taken 
before or after a fluorescence acquisition. These images can be easily segmented if the cell 
is slightly out of focus, resulting in a black band around the cell. This band can be identified 
by thresholding the pixel intensity in the image (Figure 2A). These data can be used as a cell 
mask to identify where in the fluorescence image to look for bright spots corresponding to 
individual molecular complexes (such as those shown in Figure 1 and 2). Bright spots in the 
image are identified through a series of image transformations and thresholding steps. 
These include a thresholded top-hat transformation which pulls out bright signal above the 
background and then a dilation and expansion to remove individual ‘hot’ pixels before 
ultimate erosion leaving a series of candidate spot co-ordinates. If these spots meet criteria 
including their signal-to-noise ratio, they are accepted by the software. Their centroid is 
found to sub-pixel precision by iterative Gaussian masking.[19–21] This mask is also used to 
quantify the background intensity at each spot. This kind of fluorescence data has a 
significant amount of noise, partially from sources inherent to the instrument but also the 
varyingly auto-fluorescent environment inside the cell. To circumvent this, spot intensity is 
quantified as the background-subtracted, total intensity inside the mask. 
The spot intensity is plotted over time, decaying as the fluorophores in the complex 
photobleach. Examples of photobleach traces of YPet labelled replisome components[10] 
are shown in Figure 1C. The bleaching is exponential and step-like, with the size of the 
distinct step events being, within experimental noise, an integer multiple of the brightness 
of a single YPet dye. This unitary fluorescent protein step size in intensity can be quantified 
and compared against the initial unbleached brightness of the complex to obtain the 
number of fluorescently labelled molecules present.[22] With multiple spectrally compatible 
fluorescent tags on molecules in a complex, their stoichiometries can be calculated in the 
same spot. Photobleach traces can first be filtered using an edge-preserving filter such as a 
Chung-Kennedy filter,[23] shown in red in Figure 1C, which we had developed from earlier 
studies for the detection of molecular scale mechanical steps in single-molecule optical 
tweezers stretch experiments of muscle proteins titin and kettin.[24,25] Pairwise differences 
between all the intensities in the trace are calculated to produce the Pairwise Difference 
Distribution Function (PDDF). Fourier spectral analysis of the PDDF produces the power 
spectrum (Figure 2C, inset) and the fundamental peak of this gives the unitary step size. The 
exponential photobleach traces are divided by the step size to produce the number of 
fluorophores active at each time point. The initial number is the number of fluorescently 
tagged molecules in the spot. For dual-colour investigations a similar method can be applied 
to the separate colour channels, but in addition utilising co-localization metrics across the 
cellular images to determine if spots detected in both channels are indeed co-localized over 
the same regimes of space and time.[26] 
The centroid position of each spot at each point in time can be linked together into a 
trajectory, describing the motion of the complex. We found that MukBEF complexes, when 
not bound to DNA, freely diffuse in the cytoplasm but exhibit confinement in 
chromosomally-bound states. There are many modes of motion for in vivo molecular 
complexes.  Figure 2C shows simulated data[27] for four common types of diffusive motion. 
These types of motion can be characterized by their mean square displacement (MSD)[28] 
as a function of time interval, τ (Figure 2D). The blue trajectory defines normal diffusion or 
standard Brownian motion with a linear MSD plot. The cyan plot shows directed motion, 
such as a molecular motor undergoes moving on a track with upward parabolic MSD plot. 
An asymptote at high τ, signifies confined diffusion shown in the red plot.  Anomalous or sub 
diffusion (green) has an MSD proportional to τ α where α is between 0 and 1 and 
corresponds to movement through a disordered media. The MSD vs τ plot of a diffusing 
complex can be used to characterise its motion[29] but for fluorescence single-molecule 
data, available time points are limited by photobleaching, resulting in often highly truncated 
tracks with very little high time interval (τ) data available[30]. More robust characterization 
of diffusing fluorescent proteins is obtained using Bayesian inference through the ‘Bayesian 
ranking of diffusion’ (BARD) method.[27]  This method uses propagators directly to rank 
normalized posteriors as different modes of diffusion, for example Brownian, directed, 
anomalous or confined diffusive motion, but which can be generalized to any diffusive 
mode. 
In a test tube 
Although probing protein-DNA interactions is best done in the native cellular environment, 
in vitro experiments allow for direct manipulations of single molecules - not possible inside 
the cell. In vitro, the level of noise is much lower and there is greater scope for using 
brighter organic dyes rather than dim fluorescent proteins – vastly increasing the effective 
signal-to-noise ratio for detection. We are developing a microscope which combines optical 
and magnetic tweezers for manipulating single molecules, with superresolution 
fluorescence imaging capability. 
DNA is helical and its twist is regularly manipulated by proteins: helicases unwrap it as it is 
replicated, topoisomerases regulate its coiling and it is wrapped up and packaged by 
chromatins in the nucleus. Thus, for many protein-DNA interactions, manipulating and 
measuring the forces and torques involved is key to understanding the dynamics involved. 
Magnetic tweezers are a powerful physical science tool to achieve this, since torque can be 
applied to single DNA molecules via a suitable magnetic probe following controlled rotation 
of the B-field inside the magnetic tweezers sample chamber. The canonical design uses DNA 
tethered at one end to a coverslip surface in a microscope with the other attached to a 
ferromagnetic or paramagnetic bead  so that the helical axis of the tethered DNA is 
perpendicular to the field of view.[31] In its simplest design, a permanent magnet is typically 
mounted above the sample chamber, allowing torque to be applied to the magnetic bead, 
which is chemically conjugated to the DNA via multiple torsionally-constrained bonds that 
prevent free rotation of the bead relative to the DNA. This approach does not permit easy 
adjustment of the amount of torque or independent measurement and application of force 
and torque, and so more complicated designs using electromagnets and multiple coils 
around inverted microscopes have been built.[32,33]  
Magnetic tweezers alone struggle to manipulate DNA torque and end-to-end extension 
independently in 3D; for this, optical tweezers represent a promising tool.[34] Systems with 
both optical and magnetic tweezers have been built before[35,36] but the movement of the 
proteins and DNA investigated with such systems was inferred from bead position rather 
than the molecules directly. Fluorescence microscopy can be incorporated to directly image 
the molecules involved, both the DNA and bound/translocating proteins, and has been 
integrated in the canonical magnetic tweezers set up[37,38] but with DNA perpendicular to 
the field of view so it cannot be imaged along its length.  Transverse magnetic tweezers in 
principle allow fluorescently-labelled DNA to be visualized in the focal plane of a 
fluorescence microscope whilst applying different levels of controlled twist to the DNA.[39] 
We have designed a microscope which combines transverse magnetic and optical tweezers, 
as well as superresolution fluorescence microscopy. The design schematic is shown in 
Figure 3A, with two coaxial, parallel pairs of electromagnetic coils arranged perpendicularly , 
allowing the optical trapping laser beam to pass through unimpeded.  
Multiple methods exist to circumvent the diffraction limit and obtain superresolution 
fluorescence images but they all rely on switching fluorophores in a densely labelled sample 
such that only a sub-population are ‘on’ (i.e. photoactive) at any particular sampling time 
point. This allows for precise determination of each fluorophore’s position using the 
iterative fitting/masking algorithms discussed previously which are then used to reconstruct 
a superresolution image. Different methods for achieving this use photoactivatable 
fluorophores in PALM[40] and photoblinking in STORM[41], binding and unbinding of 
fluorophores in BaLM[42] and BaLM photobleaching [43]. These techniques have been used 
to image DNA using fluorescent chemical dyes which bind to different parts of the DNA. 
Intercalating dyes such as YOYO have been used for super resolution imaging,[44] as well as 
minor groove binding dyes, which potentially perturb the native DNA structure less, such as 
SYTO-13[45] and PicoGreen.[46] Covalently bound dyes have also been used with much 
higher coverage.[47] Modifying the imaging pathway of the microscope with the addition of 
a cylindrical lens results in controllable astigmatism of fluorescence images, which can then 
be used as a metric for how far above or below the focal plane a given detected dye 
molecule is; this therefore facilitates 3D determination of spatial localization of the dye, 
with a typical precision of ~30-40 nm laterally and ~50-60 nm axially when sampling at 
video-rate time resolution.[18]  
We have developed superresolution methods for imaging DNA. Using λ-DNA as a control 
sample firmly immobilized to a glass coverslip, we have generated, as proof-of-principle in 
our new device, superresolution images using the photobleaching and blinking of YOYO dye 
bound to DNA (Figure3B). Bright spots were found using the same bespoke automated 
algorithms as before, and their positions determined using the same methods used for our 
in vivo experiments, confirming superresolution images DNA with 30-40nm lateral 
resolution.  
Summary and outlook 
Observing protein-DNA interactions at the single-molecule level allows the full 
heterogeneity of complex molecular behaviour to be characterized. We have developed 
Slimfield microscopy which allows us to observe single molecules of fluorescently tagged 
proteins in living cells at exceptionally high millisecond time resolution. With careful in silico 
analysis of these data using bespoke computational tools, the stoichiometry of the observed 
molecular complexes can be determined. This was used to uncover the dynamics and 
architecture of the bacterial replisome, which bring about faithful DNA replication, and of 
SMC proteins, which remodel DNA. In vitro experiments allow for increased signal-to-noise 
detection ratios, and for topological manipulation of single molecules of DNA which cannot 
be done in live-cell experiments. We have designed a new technology which combines 
optical and magnetic tweezers as well as superresolution fluorescence imaging for 
mechanical investigations of single molecules of DNA. By combining full molecular 
manipulation and measurement of the forces and torques crucial to DNA-interacting 
proteins with superresolution imaging, we hope to gain unprecedented insight into the 
mode of action of proteins which operate through binding to DNA, as well as of the intrinsic 
dynamic topological properties of DNA molecules themselves which are essential to their 
biological function. Perhaps more importantly this is a prime example of the emergence of a 
suite of new, innovative physical science tools at the molecular level,[48] which one might 
argue constitutes a subset of a ‘toolbox’, which can be called upon to address focused, 
unresolved questions from the life sciences. 
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Figures 
 
Figure 1: Slimfield microscopy and photobleach analysis of the E. coli replisome. A Schematic of 
Slimfield microscopy. An intense Gaussian field encompassing a single E. coli cell is generated at the 
sample. B Overlaid brightfield (grey) and 90 ms frame-averaged fluorescence images (yellow) of 
replisome polymerase labelled strain, bright spots marked with arrows, corresponding single 3 ms 
frames. C Raw intensity (blue) and Chung-Kennedy filtered data (red) for a single replisome spot, 
marked here with DnaQ-YPet compared against a single molecule of surface-immobilized YPet in 
vitro, with (inset) Fourier spectral analysis for a photobleach trace indicating brightness of a single 
YPet. 
  
 Figure 2: Co-localization and diffusion analysis. A Overlayed brightfield (gray), segmented to show 
cell outline, and dual colour fluorescence images, MukB-GFP in green and MukE-mCherry in red. B 
Fluorescence micrographs of MukB-PAmCherry (greyscale) with trajectories overlayed in colour, 
here showing relatively immobile spots. C Simulated diffusive trajectories in lateral xy focal plane 
with D corresponding MSD vs τ plot on the right. Different diffusive modes - anomalous, Brownian, 
confined and directed – shown in green, blue, red and cyan respectively. 
  
Figure 3: A Schematic of our magnetic and optical tweezers design. Two pairs of electromagnetic 
coils are arranged perpendicularly in so-called Helmholtz configurations, allow the optical trapping 
laser beam to pass through unimpeded and the circular DNA construct to be imaged simultaneously 
using fluorescence excitation. B Fluorescence micrograph of YOYO-1 labelled DNA (left panel) with 
zoomed-in section overlaid with superresolution reconstruction fits (right panel). 
 
 
 
